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Article Chronology:

Endothelial cell–cell contact via VE-cadherin plays an important role in regulating numerous cell
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functions, including proliferation. However, using different experimental approaches to
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manipulate cell–cell contact, investigators have observed both inhibition and stimulation of
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proliferation depending on the adhesive context. In this study, we used micropatterned wells
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combined with active positioning of cells by dielectrophoresis in order to investigate whether the
number of contacting neighbors affected the proliferative response. Varying cell–cell contact
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resulted in a biphasic effect on proliferation; one contacting neighbor increased proliferation,

Cell shape

while two or more neighboring cells partially inhibited this increase. We also observed that cell–

Dielectrophoresis

cell contact increased the formation of actin stress fibers, and that expression of dominant negative

Endothelial cell

RhoA (RhoN19) blocked the contact-mediated increase in stress fibers and proliferation.

Rho

Furthermore, examination of heterotypic pairs of untreated cells in contact with RhoN19-

Tension

expressing cells revealed that intracellular, but not intercellular, tension is required for the contact-

Force

mediated stimulation of proliferation. Moreover, engagement of VE-cadherin with cadherin-

Mechanotransduction

coated beads was sufficient to stimulate proliferation in the absence of actual cell–cell contact. In

VE-cadherin

all, these results demonstrate that cell–cell contact signals through VE-cadherin, RhoA, and

Cadherin 5

intracellular tension in the actin cytoskeleton to regulate proliferation.
© 2008 Elsevier Inc. All rights reserved.

Introduction
Spatial regulation of proliferation, coordinated by numerous
factors in the local microenvironment, is necessary at every stage
of multicellular life from embryogenesis through adulthood.
Regulators of proliferation include soluble factors [1], cell–ECM
interactions [2], cell shape [3,4], mechanical forces [5,6], and cell–
cell adhesions [7,8]. In endothelium, cells at wound edges
proliferate at greater rates than those in the interior of the
monolayer [9]. Similarly, cells comprising the tips of sprouts during
angiogenesis proliferate while their neighbors remain quiescent
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[10]. In these spatially regulated cases the degree of cell–cell
contact correlates with, and may be a direct regulator of, changes
in proliferation. While previous studies have demonstrated a role
for cell–cell contact in regulating proliferation, the mechanisms of
such control appear to be complex, and have not been fully
elucidated [11,12].
Most previous studies of cell–cell adhesions in endothelial cells
have concluded that their formation inhibits proliferation [7,11,13–
16]. The classical method which lead to the widespread belief that
cell–cell contact decreases proliferation was to compare proliferation rates in sparse cells, having few or no cell–cell contacts, to

E XP E RI ME NTA L C E L L R E S EA RC H 314 ( 20 08 ) 2 8 4 6– 2 85 4

proliferation rates in cells contacting multiple neighbors within
densely crowded monolayers [1]. This phenomenon, known as
contact-dependent inhibition of cell proliferation, has been shown
to require VE-cadherin, since cadherin-null cells fail to fully arrest
proliferation at confluence [7,11,13–15]. However, in these early
studies, a high degree of cell–cell contact inhibited proliferation
under conditions where cell adhesion and spreading on the
underlying extracellular matrix was restricted by virtue of cell
crowding. Since cell spreading itself is known to affect proliferation
[4,17], our group studied the proliferative effect of VE-cadherin
using a new strategy, based on culturing cells in microfabricated
wells, in order to separate the independent roles of cell–cell and
cell–matrix adhesion [8,18]. Using this system, contact with a
single neighboring cell unexpectedly increased proliferation under
conditions of constant spreading, and this effect required VEcadherin. While our previous studies suggested that cell–cell
contact arrested proliferation in monolayers because contact
decreased cell spreading on ECM, another possibility is that the
small amount of cell–cell contact in our two-cell patterns
stimulates proliferation while the large amount of contact in
monolayers arrests proliferation.
Here, we used a novel micropatterning approach to investigate
whether the number of contacting neighbors can differentially
regulate endothelial proliferation. While the microfabricated wells
used previously facilitated the formation of pairs of cells, it was
difficult to form groups of three or more cells with specified
arrangements of cell–cell contacts. To overcome this limitation we
developed a method which uses dielectrophoretic traps to actively
and simultaneously position the cells onto a substrate [19]. Several
studies have demonstrated that, under appropriate conditions,
dielectrophoresis (DEP) can in fact be used to harmlessly
manipulate endothelial cells and a variety of other cell types [19–
23]. This active positioning technique enables the patterning of
cells in configurations that are otherwise unobtainable by passive
micropatterning techniques in which the pattern fidelity is
determined randomly.
In the current study, we set out to discern the effect of cell–cell
contact on proliferation in a relatively complex yet well-controlled
environment. Modulation of cell–cell contact from zero to three
uniformly spread neighbors demonstrated a biphasic relationship
between cell–cell contact and proliferation. While one neighbor
increased proliferation, two or three neighbors diminished this
increase. We then investigated the hypothesis that the pathway
responsible for these proliferative effects involves a VE-cadherinderived signal mediated by the actin cytoskeleton. This study
demonstrates that quantitative changes in cell–cell contact
modulate proliferation through RhoA signaling and intracellular
tension, and highlights a novel control mechanism by which cells
autoregulate their responses as a function of subtle changes in
multicellular organization.

Materials and methods
Cell culture and reagents
Bovine pulmonary arterial endothelial cells (BPAECs, VEC Technologies, Rensselaer, NY) were cultured in a standard growth
media containing Dulbecco's Modified Eagle Medium supplemented with 10% calf serum, 100 U/mL penicillin, and 100 μg/mL
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streptomycin (Invitrogen). Prior to experiments using dielectrophoresis, cells were detached using 0.25% trypsin and 1 mM
ethylenediaminetetraacetic acid in PBS, rinsed with 22 μg/mL
Soybean trypsin inhibitor (Invitrogen) in growth media, pelleted
by centrifugation at 240 g for 4 min, resuspended in 3 mL of
300 mOsm sucrose with 1% calf serum (sucrose media), vacuum
degassed, and pulled into syringes already containing 1 mL of 10%
CO2/air. After dielectrophoresis, sucrose media was replaced with
growth media. Cells plated on passive substrates were resuspended in growth media immediately after trypsinization.

Patterning cells onto substrates
Groups of one to two cells were patterned without the assistance
of dielectrophoresis as described previously [8,18]. Briefly, agarose
was perfused under a polydimethylsiloxane (PDMS) mold containing raised regions of various geometries, and sealed over a glass
surface. Where the raised regions sealed against the glass, fluid
was prevented from flowing between the PDMS and the glass, and
thus these areas remained free of agarose. Upon agarose curing,
and peeling the mold off the glass substrate, the agarose remained
adhered to the glass. Substrates were then immersed in 10 μg/mL
human fibronectin (Collaborative Biomedical Products), which
adsorbed only to the agarose-free areas. Cells were then seeded
onto the substrates, attaching only in the regions coated with
fibronectin. For maximum patterning efficiency, cells were seeded
∼104 cells/cm2 in growth media, and rinsed with fresh growth
media at 2 h after seeding.
Substrates used to pattern groups of one to four cells via
dielectrophoresis were embedded with arrays of 3 μm electrodes,
designed to trap one cell per electrode, as previously described
[19]. To increase adhesion between the substrates and the agarose,
substrates were coated with an amino functionality using 3(Aminopropyl)trimethoxysilane (APTES, Aldrich Chemical). Briefly,
after treatment with an air plasma (Plasma Prep II, SPI supplies,
West Chester, PA) for ∼ 1 min, substrates were placed in a
desiccator also containing a drop of APTES on a microscope slide.
The desiccator was evacuated and placed at 60 °C overnight. To
align the agarose layer with the electrodes, a PDMS mold (see
above) was adhered to a glass backing to prevent feature distortion
and to facilitate alignment using a mask aligner (Karl Suss, Munich,
Germany). Agarose was then wicked under the aligned mold as
described above.
To pattern cells using dielectrophoresis (DEP), a parallel plate
flow chamber (Fig. S1, S2), similar to that described previously
[19,24], was used to introduce cells to the substrates, remove extra
cells, and provide a constant supply of fresh media. The floor of the
chamber consists of the substrate itself, and a silicone gasket forms
the walls of the 160 μm high, 15 mm wide chamber. The electrical
signal (5 V, 2 MHz) used to operate the traps was applied to
substrates and the counter electrode using a battery operated dual
signal generator. The chamber was sterilized with ethanol and
dried before each use. As previously described [19], sucrose media
containing ∼ 106 cells/mL was introduced into the system from
3 mL syringes via rubber tubing. After cells began to flow over the
substrate, as monitored by a microscope, the electrodes were
energized and began to trap cells. A flowrate of ∼50 μL/min for
5 min allowed single and multiple cells to be trapped at the
electrodes. A 4-way valve was then used to switch between cells
and cell-free media without introducing bubbles into the system.
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Flow was increased to ∼ 150 μL/min for 5 min in order to remove
the extra cells, leaving in general one cell at each electrode. The
flow chamber was then placed at 37 °C with a flowrate of 20 μL/
min. After 20 min at 37 °C, the cells had attached to the substrate,
which was then gently removed from the flow chamber and
aseptically placed in standard culture media (growth media) in a
tissue culture incubator.

subsequent experiments, cells were exposed to culture media
containing 10–100 viral particles/cell for 3 h. Cells were then
washed, trypsinized and patterned onto substrates. At 24 h after
patterning, N95% of cells were infected. Although RhoN19 expressing cells were co-transfected with GFP, resulting fluorescence
levels varied. Therefore, CellTracker Green dye (Molecular Probes)
was used to unambiguously label transfected cells, facilitating
mixed cell experiments.

Immunofluorescence and imaging
Western blot
Cells were fixed and stained at 24 h after seeding. For the detection
of actin, cells were fixed in 4% paraformaldehyde in PBS, blocked
and permeablized with 0.2% BSA and 0.2% Triton X-100 in PBS (IF
Buffer), and incubated in 0.1 μg/mL TRITC-phalloidin (Sigma) in IF
Buffer. For the detection of β-catenin, paraformaldehyde-fixed
cells were permeabilized in 0.2% Triton X-100 in PBS, blocked in
33% goat serum in PBS, incubated in 2 μg/mL anti-β-catenin
antibody (Santa Cruz Biotechnologies, Santa Cruz, CA), and
visualized with Alexa 488- or 594-conjugated secondary antibodies (Molecular Probes). Images of fluorescent stains, as well as
non-fluorescence images, were recorded using an inverted microscope (Nikon) and an Orca CCD camera (Hamamatsu, Hamamatsu
City, Japan).

Measurement of proliferation
To determine entry into S phase, a commercial assay (Amersham)
was used to detect the percentage of cells incorporating 5-bromo2′-deoxyuridine (BrdU). Cells were synchronized in G0 by holding
cultures at full confluence, as judged by cells attaining a
“cobblestone” morphology, for 2 days prior to experiments. BrdU
was added to the culture media 2 h after the start of experiments,
which ran for 29 h. Cells were then fixed and stained according to a
protocol similar to the manufacturer's. Our protocol deviated in
that, instead of using an acid/alcohol treatment to fix and
permeabilize cells, we used 5% acetic acid alone, followed by
permeabilization with 0.2% Triton X-100 (Sigma). The DNA-binding
dye Hoechst (Molecular Probes) was used at 1 μg/mL as a
counterstain. BrdU incorporation was visualized and scored using
an epifluorescence microscope (Nikon). For all proliferation
conditions, at least 400 cells were counted across at least three
independent experiments.
Statistical significance in trials using dielectrophoresis was
determined using Paired Student's t-test, because all cells for a
given trial were cultured on one substrate. In all other cases, cells
were cultured on multiple substrates, and statistical significance
was determined using Student's t-test.

Construction and use of recombinant adenoviruses
A recombinant adenovirus encoding either GFP, or RhoN19 in
tandem with GFP, was prepared using a commercially available kit
(AdEasy XL, Stratagene), according to the manufacturer's instructions as previously described. Adenoviral infection was monitored
by GFP fluorescence, and adenoviral particles were obtained by cell
extraction after 7–10 days. The virus was further amplified, and
purified by CsCl gradient centrifugation. Stocks of ∼ 1010 infectious
particles/mL were retained for use in experiments. The virus was
titrated by infecting BPAECs with serially diluted stocks and
counting GFP-expressing cells at 24 h. To infect BPAECs for

Cells were washed twice in PBS and lysed in SDS-PAGE sample
buffer. Proteins in the lysates were separated by denaturing SDSPAGE on 4–20% polyacrylamide gradient gels, electroblotted onto
PVDF, blocked with nonfat milk in TBS, and immunoblotted with
primary antibodies specific to dual-phosphorylated myosin light
chain (Cell Signaling Technology, Beverly, MA) or total myosin light
chain (Sigma). A VersaDoc Imaging System (Bio-Rad) was used to
detect band intensity using horseradish peroxidase-conjugated
secondary antibodies (Amersham) and SuperSignal West Dura
(Pierce) as a chemiluminescent substrate.

Cadherin-coated beads
Recombinant protein composed of human VE-cadherin fused to
the Fc domain of IgG (hVE-Fc, R&D Systems) was used at 100 μg/mL
in 0.1% BSA for binding to protein A-coated latex beads (Bangs
Laboratories). These beads, with a mean diameter of 5.5 μm, were
applied to cells 2 h after seeding, and cells were fixed and analyzed
for proliferation as described above.

Results
Dielectrophoresis-mediated construction of
multicellular aggregates
To determine the proliferative effects of varying the number of
neighboring endothelial cells forming cell–cell contacts, we first
developed a method to easily control the exact number of cells
confined within multicellular aggregates, by combining two
techniques developed by our group. The first method uses
micropatterned wells to control the spreading and cell–cell
contacts of neighboring cells [8,18]. The second method uses
harmless electrical forces to position individual cells at specific
locations on a surface, with cell locations defined by the
positions of electrodes embedded within the culture substrate
[19]. We combined the two methods by fabricating substrates
containing both the embedded electrodes and the microwells.
Here, the number and positions of the electrodes determine the
number and organization of the cells on the surface, while the
geometry of the microwells constrains how cells can make
contacts with each other. In practice, cells are introduced to the
substrate by fluid flow (Figs. 1A, B). Cells are then allowed to
attach and spread, at which time the electrodes are turned off
(Fig. 1C).
To generate groups of cells having zero to three neighbors, we
used four different shapes of wells (Figs. 2A–D). A triangle-like well
was used to study cells without contacts, while multi-lobed wells
were used to study cells with various amounts of cell–cell contacts
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neighboring areas while still allowing the cells to form cell–cell
contact at each constriction. For pairs of cells, we used wells made
of two triangular regions and resembling a bowtie or hourglass
(Fig. 2B). For groups of three (Fig. 2C) or four (Fig. 2D) cells, we
surrounded a central cell with two or three neighbors, respectively.
By using these groups of juxtaposed triangles, cells would spread
and flatten to the same degree in each pattern, while the number of
neighboring triangular regions determined the amount of cell–cell
contact that could be made. Each triangle had an area of 750 μm2,
thus determining the projected area of cell spreading.
Groups of one or two cells, having zero or one neighbors,
respectively, could also be formed without activating the electrical
traps. Cells that were seeded onto substrates with wells containing
a single triangular region or bowtie-shaped wells containing two
regions would often fall into the desired configuration (one cell per
triangular region of the well) by random chance. However, groups
of three or more cells rarely formed spontaneously by this method,
necessitating the use of active electrical patterning.

Proliferation responds biphasically to cell–cell contact

Fig. 1 – Schematic of process used to pattern cells. Each stage in
the process is illustrated in top and side views. (A) Flow
chamber used to position cells using dielectrophoresis. The
Plexiglas lid of the chamber (white) is coated with a thin flat
gold electrode (yellow). The floor of the chamber is made by a
removable substrate, embedded with gold trapping electrodes
(yellow) and covered with agarose (orange) wells patterned in
registration with the electrodes. The bases of the agarose wells
are coated in cell-adhesive fibronectin (green, top view only).
Because the gold on the lid and the substrate is thin enough to
be transparent, standard microscopy can be used to visualize
the inside of the chamber. (B) Cells are introduced to the
chamber by fluid flow, and one cell is drawn to each electrically
active trap. Excess cells are removed from the chamber by fluid
flow. (C) Cells adhere and spread on fibronectin-coated regions
surrounding traps. The non-adhesive agarose barriers define
cell shape and cell–cell contact. After cells have adhered, the
substrate can be aseptically removed from the chamber and
placed in standard culture conditions. Photomicrographs of the
top view are either phase contrast (A, B) or differential
interference contrast (DIC) (C). Scale bars are 10 μm.

To determine the effect of the number of cell–cell contacts on cell
proliferation, endothelial cells were G0-syncronized by holding
them at confluence for 48 h, and then replated, by dielectrophoresis (DEP) when necessary, into wells allowing contact with zero to
three cells. Proliferation was assessed by the incorporation of 5bromo-2′-deoxyuridine (BrdU) at 29 h after plating. Consistent
with previous studies [8,18], cells with a single neighbor
proliferated at roughly twice the rate of cells with no contacts
that were spread to the same degree (Figs. 2F–H). In the current
study, three different multicellular aggregates, having two to four
cells, all contained cells along their peripheries that had one
contact. For example, cells on either end in a threesome made
contact with only one neighbor (the central cell in their group).
Proliferation in these cells with a single neighbor was similar
regardless of the number of other cells in their group.
Upon further increasing the number of contacting cells to two
or three, as seen in the center of the “boomerang” (Fig. 2C) or
“propeller” (Fig. 2D) configurations, proliferation decreased rather
than increased relative to cells with a single neighbor (Figs. 2F–H).
This small but statistically significant decrease indicates that cell–
cell contact biphasically increases and then decreases proliferation.
Depending on the amount of cell–cell contact present, proliferation can be positively or negatively regulated.

Proliferation change depends on cytoskeletal tension
and RhoA signaling
(Figs. 2B–D). One or more electrical traps were placed under the
base of each well. Because a single cell was held at each trap, the
number and locations of the cells were determined by the number
and locations of the traps. The cells would then adhere to the
fibronectin coating the base of the well and spread to the confines
of non-adhesive agarose, which formed the walls of the well. To
generate groups of two, three, or four cells having one, two, or
three neighbors, we generated wells with multiple juxtaposed
triangle-like regions, separated by narrow constrictions (Figs. 2B–
E). After one cell was trapped in each triangular region by means of
an electrical trap, the cells adhered and spread to the confines of
their respective regions. The constrictions forming the borders
between multiple regions prevented cells from migrating into

Previous results have indicated that tension within the actin
cytoskeleton may be involved in the proliferative response to cell–
cell contact [8]. To further investigate this possibility, we examined
the degree of actin stress fiber formation in cells with zero to three
neighbors (Figs. 3A–D). G0-syncronized cells were positioned in
groups of one to four cells for 24 h, and then fixed and stained for
actin stress fibers with a fluorescently labeled phalloidin. Single
cells cultured in triangular wells showed relatively intense
staining of F-actin at the cortex, and few stress fibers in the
interior of the cell (Fig. 3A). In contrast, cells in groups of two to
four showed less cortical F-actin distribution and significantly
higher stress fiber formation (Figs. 3B–D). These stress fibers
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Fig. 2 – Relationship between proliferation and amount of cell–cell contact. (A–D) DIC micrographs and illustrations (insets) of
groups of one (A), two (B), three (C), or four (D) BPAECs. These wells are referred to in the text by the shapes they resemble: a triangle
(A), a bowtie (B), a boomerang (C), and a propeller (D). The cells are patterned using dielectrophoresis and constrained with
agarose wells such that, within the groups, cells contact zero to three neighbors. (E) Phase contrast image of groups of four cells,
overlaid with corresponding nuclear stain (blue) used to verify correct cell number for all experiments. (F) Graph of BrdU
incorporation with one- and three-cell groups (having zero, one, or two neighbors). (G) Graph of BrdU incorporation with
one- and four-cell groups (having zero, one, or three neighbors). (H) Combined graph of BrdU incorporation in cells with zero to
three neighbors. To correct for drift in baseline proliferation between experiments, the data in (H) are normalized to the value for
cells with no neighbors. In (F–H), shaded cells in illustrations correspond to cell(s) analyzed for the corresponding data point.
Error bars are standard error, with (⁎) p < 0.05 versus zero neighbors, (⁎⁎) p < 0.001 versus zero neighbors, and (#) p < 0.05 versus
one neighbor by paired t-test. Scale bars are 10 μm.

typically appeared to form continuous links across cell–cell
junctions. Furthermore, cells with one or more neighbors
appeared to ruffle and attempt to send processes beyond the
agarose walls of the confining wells (Figs. 3B–D). Cells without
contacts appeared to be relatively quiescent, having few if any
peripheral ruffles (Fig. 3A). The increased membrane ruffling and
stress fiber formation correlated with the observed increase in
proliferation and suggested an activation of the Rho GTPases. We
did not see any clear differences in stress fiber formation or ruffling
in cells with one neighbor versus cells with multiple neighbors,
suggesting that the down-regulation in proliferation seen with
increasing numbers of cell contacts may be unrelated to the
observed changes in the actin cytoskeleton.
Based on these observations, we investigated whether RhoA
signaling was directly involved in the cell–cell contact-induced
proliferative response. We transduced G0-syncronized cells with a
recombinant adenovirus expressing dominant negative RhoA
(RhoN19). Expression of bicistronic GFP confirmed a high efficiency of transduction (N95%) in our endothelial cells. We observed

a decrease in myosin light chain (MLC) phosphorylation by
western blot (Fig. 3E), confirming functional activity of the
dominant negative Rho. Infection with Ad-RhoN19 also specifically
prevented the increase in stress fibers due to cell–cell contacts,
without significantly affecting the organization of F-actin in cells
without contacts (Fig. 3F–I). Both single and paired cells transduced with a control adenovirus expressing GFP only (Ad-GFP)
exhibited stress fiber distributions similar to corresponding
untreated cells (not shown).
To determine whether RhoA signaling affected cell proliferation, we plated G0-synchronized cells into triangular and bowtieshaped wells, and measured proliferation rates. Abrogation of
RhoA activity specifically reduced the cell–cell contact-dependent
increase in proliferation without significantly affecting the proliferation rate in single cells (Fig. 3J). Both single and paired control
cells infected with Ad-GFP had proliferation rates similar to
corresponding untreated cells (not shown). Together, these
findings suggest that RhoA activity was necessary for the cell–
cell contact-mediated increase in proliferation.
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Fig. 3 – Changes in proliferation with cell–cell contact are mediated by the actin cytoskeleton and signaling through RhoA. (A–D
Fluorescence images of actin stress fibers and inset illustrations of groups of BPAECs without (A) and with (B–D) cell–cell contact. (E)
Western blots for dual-phosphorylated myosin light chain (P-MLC) and total myosin light chain (MLC) in control cells (left) or cells
expressing RhoN19 (right). (F–I) Fluorescence images of actin stress fibers and inset illustrations of control cells (F, G) or cells
expressing RhoN19 (H, I). These cells are either single (F, H) and paired (G, I). (J) Graph of BrdU incorporation in untransfected cells,
and cells transfected with dominant negative RhoN19. Arrowheads in (B–D, G) indicate representative stress fibers, with two
arrowheads pointing to one fiber. In inset illustrations of cell geometry, “X” indicates transfection with RhoN19. Error bars are
standard error with (⁎⁎) p < 0.001 versus corresponding case of zero neighbors by t-test. Scale bars are 10 μm.

Intracellular, not intercellular, tension leads
to proliferation increase
While blocking RhoA activity inhibited the proliferative response
to cell–cell contact, it remained unclear whether cell–cell contact
affected RhoA signaling or whether RhoA altered proliferation
indirectly by affecting cell–cell junctions. To examine whether
cell–cell junctions were disrupted by blocking RhoA activity, we
compared junctional localization of β-catenin, a component of
adherens junctions, in pairs of cells either expressing the dominant
negative RhoA or not (Fig. 4D). While β-catenin stained diffusely
with a faint nuclear localization in single cells, a bright band at the
cell–cell junction indicated the formation of cadherin-mediated
junctions in pairs of cells. Expression of RhoN19 in either singles or
pairs did not affect β-catenin localization, suggesting that RhoA
signaling is not a prerequisite for the formation or maintenance of
cell–cell contacts, and that alteration of RhoA signaling in these
experiments did not significantly interfere with cell–cell contacts.
Therefore, the data support the hypothesis that cell–cell contacts
signal through RhoA to influence proliferation.
The observation that stress fibers bridged across cell–cell
junctions in untreated cells but not in RhoN19 expressing cells

suggests that cytoskeletal tension transmitted across the cell–cell
junction may be necessary for proliferative signaling. To determine
whether such intercellular tension or only intracellular tension
within a given cell was necessary to affect proliferation, we
generated mixed pairs of cells, in which only one cell expressed
RhoN19 while its neighbor remained untreated. We postulated
that, in such a mixed pair, tension across the cell–cell junction
would be eliminated. In such pairs, stress fibers increased in the
untreated cells, but not in the RhoN19-expressing cells (Fig. 4A).
Thus, in terms of cytoskeletal integrity, untreated cells in contact
with RhoN19-expressing neighbors behaved much like untreated
cells with untreated neighbors, and similarly RhoN19-expressing
cells did not change their behavior based on the type of neighbor
with which they were paired.
In these conditions, we found that proliferation of RhoN19expressing cells in the mixed pairs was low, and similar to
untreated or RhoN19-expressing single cells. In contrast,
untreated cells in the mixed pairs proliferated at the same
high rate as untreated pairs of cells (Fig. 4C). Together, these data
suggest that cytoskeletal tension across the cell–cell junction is
not required in order to mediate the cell–cell signal to stimulate
proliferation. Rather, RhoA signaling appears to be downstream
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Fig. 4 – Increase in proliferation with cell–cell contact is mediated by intracellular, not intercellular, tension. (A) Fluorescence
image of actin stress fibers and inset illustration of a “mixed” pair of cells containing an untreated cell (top) and a cell expressing
RhoN19 (bottom). The “X” in the inset indicates expression of RhoN19. (B) Graph of the percentage of cells within mixed pairs that
exhibited more stress fibers than their paired neighbor. Darker shading (inset illustrations) indicates the cell that was counted for
each bar. (C) Graph of BrdU incorporation in single cells, in pairs of cells, and in mixed pairs of cells containing one untreated and one
RhoN19 expressing cell. For mixed pairs, untreated and RhoN19 expressing cells were counted separately. Darker shading (inset
illustrations) indicates the cell that was counted for each bar. (D) Immunofluorescence images of β-catenin in single and paired cells.
As indicated, cells were either untreated, transfected with RhoN19, or mixed pairs containing one untreated and one RhoN19
expressing cell. In the mixed pair, the upper and lower cells are untreated and RhoN19 expressing, respectively. Dotted white lines
indicate the borders of the wells. Error bars are standard error with (⁎) p < 0.05 and (⁎⁎) p < 0.001 versus untreated control by t-test.
Scale bars are 10 μm.

in the intracellular transmission of cell–cell signaling to
proliferation. Therefore, we conclude that intracellular tension,
and not tension across the cell–cell contact, is a necessary
component of the cell–cell contact-induced proliferative
response.

Engagement of VE-cadherin is sufficient for stimulation
of proliferation
Although a compromised actin cytoskeleton indicated that
tension-deficient cells expressing Ad-RhoN19 would be unable
to apply tension to their neighbors, the possibility remained that
untreated cells could apply tension to deficient neighbors, which
would provide passive resistance. Moreover, it was unclear what
surface receptors might be responsible for this proliferative
effect. Previous studies in our laboratory have suggested that
engagement of VE-cadherin stimulates proliferation through a
RhoA-mediated signaling pathway. To explore whether engagement of VE-cadherin alone stimulates proliferation, we engaged
the cadherins of single isolated, patterned BPAECs using a
chimera of the ectodomain of human VE-cadherin fused to the
immunoglobulin Fc domain (hVE-Fc) bound to protein-A-coated
beads (Fig. 5A). We found that endothelial cells bound to hVE-Fccoated beads exhibited higher proliferation when compared with
cells without beads (Fig. 5B). These data demonstrate that the
engagement of VE-cadherin alone stimulates proliferation and
confirmed that tension transmitted across cell–cell junctions was

not required for the increase in proliferation induced by cell–cell
contact.

Discussion
Here, we were able to create defined multicellular aggregates by
actively positioning each of the cells involved. In previous studies
groups of cells could be randomly assembled [25], but with such

Fig. 5 – Proliferation in patterned cells increases upon contact
with VE-cadherin-coated beads. (A) Phase contrast images of
solitary spread cells without (top) and with (bottom)
a VE-cadherin-coated bead. (B) Graph of BrdU incorporation in
spread cells without and with a bead. Error bars are standard
error, with (⁎) p < 0.05 versus control by t-test. Scale bars are
10 μm.
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techniques one could not simultaneously control the degree of cell
spreading on substrates coated with ECM protein. With the advent of
micropatterned surfaces, cell spreading could be controlled by
plating single cells on ECM-coated islands of specified size, but this
technique did not allow the control of cell–cell contact in groups of
cells. Because multiple cells cultured on these islands could move
freely, the number and size of their cell–cell contacts was neither
predetermined nor static [4,18,26]. The use of micropatterned wells
allowed for simultaneous control of cell–ECM contact and cell–cell
adhesion, but only in pairs of cells [8,18]. Here, by embedding active
trapping electrodes into the substrate, we facilitated rapid positioning of large numbers of cells into more complex multicellular groups
to study the effects of cell–cell contact on proliferation in endothelial
cells. The method itself is not limited to aggregates of one to four
cells, or to endothelial cells [19]. In fact, multiple cell types could be
positioned on the same substrate by selectively activating the
electrical traps, such that heterogeneous multicellular organization
could be defined with single cell precision.
The aggregates of endothelial cells in the current work, having
predefined spreading, contact, and numbers of cells, allowed a
well-controlled study of the response of proliferation in endothelial cells to cell–cell contact. Several previous studies have linked
cell–cell contact and VE-cadherin to endothelial proliferation
[7,8,15,18]. The widespread notion of contact inhibition of
proliferation is derived from the classical observation that plating
cells at higher density, and thus with more cell–cell contact,
decreases proliferation. Yet, we previously showed that cell–cell
contact with a single neighbor could stimulate proliferation. Using
our new system to vary the number of cell–cell contacts while
holding cell spreading constant, we showed that proliferation
responds biphasically to cell–cell contact, suggesting one possible
mechanism contributing to the two previously observed (stimulatory and inhibitory) proliferative responses.
A biphasic proliferative response may explain multiple facets of
growth control in endothelial cells. Endothelial cells in the interior
of a monolayer, where a high degree of cell–cell contact occurs, are
prevented from proliferating by the classic model of contact
inhibition. However, cells in the context of a wound edge may
experience fewer contacts with neighbors and thereby experience
“contact-stimulated” proliferation. As seen with the multicellular
aggregates in the study, those cells at the edge of the group
proliferated more than at the center. The changes we observed
were moderate, but all cells, even those with three neighbors, had
a significant amount of free edge, whereas endothelial cells within
a monolayer would be completely surrounded by neighbors. It is
indeed possible that the amount of cell–cell contact, and therefore
the quantity of engaged cadherin molecules, may influence the
levels of proliferation.
Our results agree with previous assertions that, although forces
across adherens junctions are transduced into mechanical and
biochemical signals [27], forces at these contacts do not translate
directly into proliferative effects [28]. Rather, cell–cell contact
appears to biochemically regulate RhoA signaling, which in turn
may affect proliferation through multiple effectors [29,30]. Forces
on focal adhesions between a cell and the ECM, on the other hand,
have been shown in several studies to increase proliferation [31,32].
Therefore, despite their analogous nature, cell–cell and cell–ECM
contact may regulate proliferation by differing mechanisms.
Several studies have begun to untangle the interwoven milieu
of factors that drive proliferation. While soluble factors, cytoske-
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Fig. 6 – Model proposing how cell–cell contact might promote a
biphasic proliferative response. Cell–cell contact stimulates the
RhoA signaling pathway, which increases assembly of the actin
cytoskeleton in individual cells, triggering increased
proliferation. As cell–cell contact increases, the degree of cell
contact with the extracellular matrix (ECM) may be
decreased, thereby down-regulating proliferation.

letal organization, mechanical forces, and cell–ECM have clearly
defined roles in proliferative regulation, the influence of cell–cell
contacts has been more difficult to interpret. Cell–cell contact
involves multiple controls on proliferation that include cooperation with growth factor receptor signaling [13,16,33] and cell
spreading [8]. It is perhaps these multiple crosstalk mechanisms
that underlie the opposing stimulatory and inhibitory effects of
cell–cell contact on proliferation (Fig. 6), and how various cell–cell
juxtapositions may provide critical cues for restricting different
cellular responses to appropriate spatial locations within a
complex tissue.
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